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Abstract

Growing evidence suggests that intravital flow–structure interactions are critical morphogens for normal em-
bryonic development and disease progression, but fluid mechanical studies aimed at investigating these inter-
actions have been limited in their ability to visualize and quantify fluid flow. In this study, we describe a
protocol for injecting small (£ 1.0 lm) tracer particles into fluid beds of the larval zebrafish to facilitate microscale
fluid mechanical analyses. The microinjection apparatus and associated borosilicate pipette design, typically
blunt-tipped with a 2–4 micron tip O.D., yielded highly linear (r2 = 0.99) in vitro bolus ejection volumes. The
physical characteristics of the tracer particles were optimized for efficient particle delivery. Seeding densities
suitable for quantitative blood flow mapping (‡ 50 thousand tracers per fish) were routinely achieved and had
no adverse effects on zebrafish physiology or long-term survivorship. The data and methods reported here will
prove valuable for a broad range of in vivo imaging technologies [e.g., particle-tracking velocimetry, l-Doppler,
digital particle image velocimetry (DPIV), and 4-dimensional-DPIV] which rely on tracer particles to visualize
and quantify fluid flow in the developing zebrafish.

Introduction

Flowing biofluids have often been implicated as epige-
netic regulators of morphogenic processes, but the com-

plex relationships between flow and structure over the course
of normal development remain largely unexplored. In addi-
tion to transporting heat, gases, biomolecules, and waste
products throughout an organism, flowing fluids impose
mechanical forces on their surrounding environments. These
forces (e.g., shear, pressure, stretch) can be sensed at the cel-
lular level1,2 and often result in changes in gene and protein
expression,3 cell morphology,4 and tissue organization.5 Fluid
forces are particularly important during development be-
cause the organism is undergoing rapid and often radical
structural changes as it progresses toward its adult form. Prior
studies have revealed that fluid flow plays a critical role in
left-right patterning,6–8 organogenesis,9–11 kidney morpho-
genesis,12,13 and cardiovascular development.9,14 In addition,
altered flow dynamics or disruptions to a particular fluid
environment have been show to contribute to certain disease
pathologies, including atherosclerosis,15 lymphedema,16 and
polycystic kidney disease.17,18

The ability to visualize clearly and quantify fluid flow ac-
curately within a living organism is a prerequisite for un-
derstanding the role of fluid forces in both development and

disease. In vivo research into the role that flow plays in de-
termining biological structure has been limited not only by
technological constraints, but also by the inherent inaccessi-
bility of internal fluid beds (e.g., blood, lymph, renal, cere-
brospinal fluid). Commonly used mammalian and avian
model organisms are optically opaque, and much of their
early development takes place within the maternal repro-
ductive system, making it very difficult to gain visual access
without disturbing the normal physiologic environment. A
number of noninvasive medical imaging modalities including
magnetic resonance (MR),19 computed tomography (CT),20,21

and ultrasound,22,23 have been adapted for use with small
animals, but these technologies are not widely available, are
prohibitively expensive, and frequently lack adequate spatial
and/or temporal resolution for studying in vivo fluid dy-
namics at a scale consistent with a developing embryo. The
emergence of the zebrafish as a canonical model of vertebrate
biology, coupled with its genetic and phenotypic accessibility,
rapid external development, and high degree of optical clarity
throughout embryogenesis, make it ideal for studies involv-
ing in vivo flow imaging.24

Although the zebrafish has given scientists an unprece-
dented look into the intravital fluid milieu, the major chal-
lenge when studying microscale flows in vivo is obtaining a
quantitative description of the flow field. Many techniques
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from engineering science have proven useful in this regard,
the most straightforward and noninvasive of which involve
recording and analyzing the movements of objects already
circulating in high numbers in the fluid of interest. Ery-
throcyte mapping, for instance, has been used to describe the
effects of vessel occlusion, adrenergic stimulation, and hyp-
oxia on the global distribution of bloodflow in zebrafish.25–27

The flow map generated base on the number of erythrocytes
passing through sections of the vasculature is sufficient to
compare differences in bulk flow, but the limited spatial res-
olution of the approach is too low for accurate measurement
of wall shear stress or other hemodynamic parameters be-
cause of the large size of erythrocytes relative to the diameter
of the containing blood vessels.

Endogenous tracers are not typically present in other fluid
beds, so biofluid flow mapping generally requires injection of
highly contrasting, neutrally buoyant tracers. At low to
moderate seeding densities, the paths of injected tracer par-
ticles may be used to generate a vector map of the flow in an
approach called particle tracking velocimetry (PTV). The PTV
approach has been used to map blood flow velocity in the
microcirculation,28 aqueous flow in a rabbit model of argon
laser iridotomy,29 and pulsatile flow fields in a cerebrovas-
cular side-wall aneurysm model30 with sufficient resolution to
estimate vorticity and wall shear stress. Further improve-
ments in spatial resolution can be achieved using very high
seeding densities in a technique called digital particle image
velocimetry (DPIV). The DPIV approach does not rely on
tracking the paths of individual tracers (as in PTV), but is
instead implemented by matching speckle patterns in ‘inter-
rogation windows’ (i.e., small subsets of the imaged area)
between two consecutive microsecond-spaced images. DPIV
better represents the complex features of the fluid flow by
producing instantaneous, two-dimensional velocity vector
plots. This type of quantitative flow map is extremely useful
for calculating fluid dynamic parameters such as vorticity, as
well as for deriving shear stresses on surrounding tissue, but
such techniques have only recently been adapted for in vivo
use at the microscale.31 DPIV studies are only feasible if the
experimenter is able to seed the fluid of interest with a rela-
tively high density of tracer particles that mimic the complex
details of the flow field. Thus, choosing appropriately sized
particles with the correct physical and optical characteristics is
critical to ensuring that measurements made using DPIV are
accurate and reproducible. Furthermore, the tracers must be
delivered to the fluid without seriously harming the animal,
disrupting normal physiologic function, or altering the ge-
ometry or flow conditions within the flow field itself.

Microsphere-based in vivo applications such as the use of
magnetic microspheres for targeted in vivo drug delivery,29

DNA encapsulation,28 and biofluid characterization (e.g.,
measurement of local blood viscosity,32 flow patterns,31 and
oxygen saturation33) are gaining in popularity. Small fluores-
cent microspheres (0.02–0.04 micron diameter) have been used
to perform zebrafish angiographies,34 while much larger ones
have been used to make two-dimensional strain measurements
in the chick heart35 and to measure regional blood flow in adult
rainbow trout,36 pigs, rabbits, and rats.37 More recently, mi-
crospheres injected into the embryonic zebrafish bloodstream
which had lodged into the heart wall were used to map en-
docardial motions using three-dimensional digital defocusing
particle image velocimetry (3D-DPIV).31 The increased use of

microspheres in a variety of flow-mapping applications high-
lights the importance of developing a supporting infrastructure
of detailed and efficient injection methodologies.

This study describes a method for efficient delivery of flow
tracer particles into fluid beds within the developing zebra-
fish. The methodology was optimized for the zebrafish vas-
culature, but the same approach has also been implemented in
the lymphatic and renal systems with only minor fluid bed-
dependent modifications. Effective use of this method re-
quires thorough consideration of numerous experimental
parameters, including: 1) the fish’s orientation when mounted
in agarose and the choice of injection location; 2) the size,
composition, surface properties, optical characteristics, and
reactivity/toxicity of the tracer particles; 3) the material
properties and internal tip diameter of the microneedle; 4) the
applied injection pressure and the duration of this applied
pressure; and 5) the number of injected boluses required to
achieve the desired seeding density. This work addresses the
importance of each of these parameters and highlights com-
mon problems and pitfalls one may encounter during exper-
iments. Lastly, this study investigates the effects of injected
flow tracer particles on normal zebrafish physiology and
long-term survivorship. The detailed information reported
here should prove valuable to researchers who are using
DPIV, PTV or other in vivo imaging technologies that rely on
tracer particles to visualize and quantify fluid flow in the
developing zebrafish.

Materials and Methods

Zebrafish

Adult zebrafish were bred and maintained according to
standard husbandry protocols38,39 within the shared Uni-
versity of Cincinnati and Cincinnati Children’s Hospital
zebrafish facility. Adult fish were fed a mixed diet of Aquatox
flake food (Aquatic Ecosystems, Inc.) and live Artemia. Tem-
perature (26.5�–28.5�C), pH (7.1–7.4), conductivity (490–
530 lS), dissolved oxygen (5.0–7.5 mg/L), and light cycle (14 h
light/10 h dark) were electronically controlled and remotely
monitored. Eggs were harvested and incubated in sterile
system water at 28.5�C. Due to an abundance of available
embryos and larva, WIK-strain zebrafish were used to prac-
tice, optimize, and test our flow tracer delivery methods. Once
an optimal method had been established, casper (graciously
provided by Leonard I. Zon, Children’s Hospital Boston)
pigment mutants were used for experiments requiring high
quality intravital images. All animal protocols were reviewed
and approved by the University of Cincinnati and Cincinnati
Children’s Hospital IACUC committees.

Agarose mounting

Zebrafish (2–7 days post fertilization) were embedded in
1.2% ultra-low melting point agarose containing 125 mg/L
MS-222 (ethyl 3-aminobenzoate methanesulfonate salt,
Sigma-Aldrich Co., Saint Louis, MO) for imaging by confocal
microscopy. Fish were oriented on their side in a glass-bottom
35 mm petri dish.

Flow tracer particles

Multiple types and sizes of Fluosphere tracer particles
(Molecular Probes, Eugene, OR) were evaluated in this study
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because these tracers have high dye content throughout the
plastic sphere, making them more resistant to photobleaching
than those with an external fluorophore coating. For initial
experiments, black 0.4 lm surfactant-free, carboxylate-
modified (CML) latex particles were used. Subsequent opti-
mization experiments utilized Fluosphere tracers of varying
sizes (0.02–1.0 lm diameter) and with differing emission
spectra [yellow-green (505/515 nm), red (580/605 nm), or
dark red (660/680 nm)]. Prior to use, a 0.2% particle suspen-
sion was created by diluting the stock solution 1:10 in distilled
water. One micron particles were further diluted to 1:100 in
distilled water because lower use concentrations of the large
particles were needed to prevent pipet tip clogging. All par-
ticle suspensions were sonicated for 5–10 minutes before use
in order to prevent particle aggregation.

Glass microneedles

Microneedles were fabricated in-house using a laser-
based horizontal micropipette puller (P-2000, Sutter Instru-
ments, Novato, CA) and borosilicate capillary glass (1.0 mm
OD, 0.75 mm ID, 10 cm length, World Precision Instruments,
Sarasota, FL). Microneedles with an internal tip diameter of
2–4 lm and a straight, short taper were prepared using a
single-line program with heat 340, filament 4, velocity 32, and
delay 200. Any microneedle which did not meet specifications
or appeared defective was discarded to ensure injection
consistency.

Microneedle beveling, when utilized, was performed using
a BV-10 microelectrode beveler (Sutter Instrument Company)
fitted with an 104D fine grit abrasive wheel and an electrode
impedence meter. Bevel progression was monitoring by back-
filling microneedles with a 2 M salt solution and monitoring
tip resistance. Beveling for 30 seconds was generally suffi-
cient. Tip quality was confirmed by light microscopy.

Microinjection equipment and setup

Once anesthetized and mounted in agarose, zebrafish were
place on an inverted microscope and positioned for optimal
injection under low (10 · ) magnification. Microinjection was
performed on a continuous zoom upright, wide-field confocal
microscope (model MZ16FA, Leica Microsystems, Wetzlar,
Germany) so that the injection target could be directly visual-
ized during injection. The Leica microscope was fitted with a
MA-TS heated stage (model MATS-TypeA, Leica Micro-
systems) to maintain consistency in zebrafish physiology. A
glass microneedle was backfilled with a prepared suspension
of flow tracer particles and loaded into a pneumatic micro-
injector (PLI-100, Harvard Apparatus, Holliston, MA). A 3-axis
micromanipulator with sub-micron resolution (MP-85, Sutter
Instruments) was used for microneedle tip positioning. The
injection target site was chosen based on the fluid bed being
targeted for seeding and the age of the animals being used.
Small boluses of tracer particle suspension were injected into
the biofluid of interest until the desired seeding density was
achieved. Successful injections were verified by examining the
flow field under higher magnification and noting the presence
of circulating tracer particles. To be considered a success, a
given injection attempt had to meet the following three criteria:
1) the glass microneedle was inserted into the appropriate an-
atomical location without breaking and without disfiguring the
body wall, 2) the desired payload of flow tracer particles was

delivered to the fluid of interest without clogging the micro-
needle and without seriously damaging surrounding tissues,
and 3) the zebrafish exhibited no adverse physiological chan-
ges immediately following the injection procedure.

Microinjections were also made using an inverted micro-
scope (Zeiss Axiovert 200, Zeiss Microimaging Inc., Oberko-
chen, Germany) with a heated stage insert and matching
micromanipulator. This approach proved useful particularly
with injections into bloodstream confluence over the yolk sac
because rapid high-speed confocal imaging could be accom-
plished without transferring mounted fish between micro-
scopes. Injections performed on the inverted platform were
generally well accommodated, particularly in 2–3 days post
fertilization (dpf) casper embryos and in all fluid beds, al-
though injections made on the inverted platform became
progressively more challenging in older fish because tip
placement and injection occurred on the side of the fish op-
posite to the one being viewed.

Microinjection volume calibration

The volume of each injected bolus is a function of the in-
ternal diameter of the microneedle tip, the injection pressure,
and the duration of the applied pressure. To determine the
volume of a single bolus for a range of microneedle tip di-
ameters (2–4 lm) and injection pressures (3–20 psi), multiple
boluses of 0.5 lm tracer particles suspended in distilled water
were injected into light mineral oil using a 50 ms injection
pulse. Each injected bolus formed an immiscible liquid sphere
within the oil medium. The volume of each sphere was cal-
culated based on its radius as measured using ImageJ
(shareware, National Institutes of Health).

Long-term survivorship study

Two cohorts of 4 dpf WIK zebrafish were injected with ei-
ther 0.2 or 1.0 lm red fluorescent carboxylate-modified mi-
crospheres or 1.0 lm red and monitored for physiological
impairment and long-term survivorship over the course of
7 months. Multiple boluses (3.6 nL max volume, 10 sec be-
tween each bolus) were delivered into the bloodstream via the
caudal vein until the vasculature was densely seeded with
circulating particles. After successful injections were verified,
the fish were removed from their agarose mounts and placed
in sterile system water for 15–30 min, at which point they were
observed under a dissecting microscope. Fish appearing
healthy and physiologically normal were kept for the long-
term study; fish showing signs of trauma or altered physio-
logic function as a result of the injection procedure were
excluded. Each cohort of injected fish was raised in a separate
tank in the zebrafish core facility to facilitate daily visual
monitoring. Deaths, behavioral abnormalities, and morpho-
logical defects were recorded. After 7 months, the remaining
injected fish were euthanized, weighed on a digital balance,
and measured from nose to tail. Results were compared with
un-injected controls.

Microscopy and imaging

In vivo tracer imaging was performed on a Zeiss Axiovert
200 inverted microscope equipped with an UltraView RS-3
live cell confocal scanner (PerkinElmer, Waltham, MA).
Videos were collected using an EM-CCD camera (model
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C9100-02, Hamamatsu Photonics K. K., Hamamatsu City,
Shizuoka Prefecture, Japan). This system provided imaging
capacity of 30 full frames per second at 1,000 · 1,000 pixels
with a > 60% quantum efficiency. Videos were analyzed using
PIV software (PixelFlow, IO Industries,London, Ontario).

Results

Tip design

Borosilicate glass microneedles provided the best combi-
nation of strength and flexibility required during tip place-
ment and insertion through the zebrafish body wall (Fig. 1).
Aluminosilicate needles pulled with short tapers and match-
ing tip diameters were too flexible to penetrate the body wall
making access to all but the most superficial structures (e.g.,
the heart or the tail fin vasculature) unfeasible. Quartz nee-
dles, by contrast, proved too inflexible for general use and
frequently broke during tip placement. For this reason, all
subsequent injections were made using borosilicate needles.

We used microneedles with beveled tips to inject into the
bloodstream of 7 dpf embryos in order to determine if the bev-
eled tip design would improve penetration through the body
wall without significant clogging. Tips with 30� or 45� bevels
provided a very slight improvement in penetrance (as evi-
denced by a reduction in the magnitude of inward wall motion
prior to puncture). These tips, however, were more difficult to
calibrate, leaked during tip placement, and plugged far more
often than blunt tips with similar tip sizes. Accordingly, the use
of beveled tips was abandoned for routine injections.

Optimization of injection parameters

Injection volumes were calibrated by injecting half micron
diameter microspheres into light mineral oil and measuring

the resulting water droplet diameter. The injection setup uti-
lized herein provided a highly reproducible in vitro delivery of
tracer particles. Half micron tracer bolus volumes correlated
highly (Fig. 2, R2 = 0.999) with the supplied injection pressures
over the range of 0.6–2.5 nL (using a pulse pressure ranging
from 2–20 psi). Further, bolus volumes correlated with tip
diameter over the range of microneedle tip sizes most com-
monly used in this study (2.7–3.5 lm) (Fig. 3), allowing for a
robust prediction of the number of microspheres injected per
bolus (Table I). This range of tip sizes was large enough to
minimize plugging while small enough to minimize tissue
damage or leakage at the injection site. Changes in injection
pressure had the greatest effect on bolus volume for the larger
tip sizes (as expected), indicating that improved control over
injection volume may be achieved by using higher source
pressures. It should be noted that the larger (1.0 lm) tracers
plugged 2–3 lm tips regularly such that low-volume and
low-pressure boluses were generally not achievable, while
high-pressure injections (10–20 psi) were erratic. The largest
microneedles that could be used without tissue damage (i.e.,
those with 4–5 lm tip diameters) reduced clogging and im-
proved bolus volume reproducibility somewhat, but con-
trolled volume delivery could not be routinely achieved.

Volume control in vitro was very precise, while in vivo in-
jection volumes exhibited increased variability due to tip
clogging during body wall penetration. When performed by a
trained technician, the microinjection protocol described in
this study yielded successful injections approximately 75% of
the time compared to a < 30% success rate during initial at-
tempts. Tip clogging was more problematic with deep tissue
injections such as the kidney (pronephric duct) or lymphatic
bed (thoracic duct), and the corresponding success rates for
these locations were low (7%). Further, injections were gen-
erally more difficult as the fish aged, regardless of injection
site. Through trial and error, optimal injection sites were
chosen for agarose-mounted zebrafish at each age and for
each fluid bed (Fig. 4). Seeding of the bloodstream was most
easily accomplished via the convergent flow over the yolk sac
between 20 and 48 hpf and via the common cardinal vein
(CCV) between 48 and 96 hpf. From 4–7 dpf, the CCV was
accessed by placing the pipet against the body wall just an-
terior to the caudal fin and cleithrum and gently moving the
tip towards the tail to push the cleithrum out of the way.
Injections performed later in juvenile and adult development
were most easily made into the extreme caudal tail vascula-
ture (either the caudal artery or vein).

Seeding of the pronephric duct, although challenging due
to a small luminal diameter, was performed by injecting
multiple, small boluses of tracers into the cloaca (i.e., against
the flow) or into the trunk just anterior to the cloaca and dorsal
to the aortic outflow. (The pronephric duct follows the dorsal
aorta in the trunk. As a result, more than 50% of injections into
the pronephric duct end up seeding the bloodstream.)

Injection into the primary lymphatic vessels via the tho-
racic duct can be performed by targeting the tissue space be-
tween the dorsal aorta and cardinal vein. Injections performed
after the thoracic duct has completely formed (i.e., around
5 dpf) are possible, and tracers injected into lymph suggest a
highly regurgitant flow pattern (data not shown). Tip clog-
ging is common because injections occur into the thick trunk
tissue and relatively late in development compared to other
biofluid beds.

FIG. 1. Microneedle design. (a) Typical 5 lm tip [interior
diameter (I.D.)] injection micropipette prepared using the
laser-based horizontal puller. Higher magnification view of a
blunt-tipped micropipette (b) shown as pulled, and a 30
degree beveled tip (c) prepared by backfilling the micro-
needle with a 2 M salt solution and monitor tip resistance
while during fine grit abrasive grinding. (Tip beveling typi-
cally requires 30 seconds and is associated with a 15%–25%
drop in tip resistance.)
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Tracer selection

Flow mapping experiments generally utilize the smallest
resolvable tracers because small neutrally-buoyant tracers
more accurately follow the local flow field. Six different
sizes of flow tracers (0.02, 0.1, 0.2, 0.4, 0.5, and 1.0 lm) were
tested to determine the minimum resolvable particle size
(Table 2). The smallest particles (0.02 lm) were the easiest to
inject and were quickly and uniformly distributed
throughout the circulation. However, these flowing parti-
cles were too small to be individually resolved on our
current imaging system, making them inappropriate for
use in our PTV or PIV experiments but ideally suited for
microangiographic mapping of the zebrafish vasculature,
as described elsewhere.16 Larger microspheres (0.4–1.0 lm)
were more easily visualized as discrete entities as they
flowed through the vasculature, thus making them desir-
able for flow mapping applications, but consistent delivery

was challenging due to an increased incidence of clogged
microneedles and tissue damage at the injection site. Fur-
ther, maintaining a sufficient seeding density for PIV
analysis was also difficult because a high percentage of the
microspheres became permanently lodged in the vessel
walls shortly after injection. (Approximately 20% of the
dorsal aorta luminal wall is coated with 1.0 lm tracers at
30 min after injection.) Although these larger flow tracers
may be suitable for some PTV experiments, the ideal tracers
for PIV applications in the larval zebrafish are those with
diameters ranging from 0.2–0.4 lm. Unlike their larger
counterparts, particles in this size range were consistently
injected near to the target seeding density (75,000 tracers
per fish delivered in 2 boluses of 37,500) with no observable
effects on circulation, surrounding tissue, or animal survi-
vorship. Furthermore, > 80% of the injected particles in this
size range remained in circulation beyond 30 min after in-
jection, allowing for extended imaging times.

FIG. 2. In vitro injection volume calibration.
Average single bolus volumes delivered at a
range of supply pressures from an injection
needle typical of those used for cardiovascular
bed injections (3.1 micron tip I.D.). A 3 psi in-
jection pressure was used in subsequent opti-
mizations because the volume delivery was
most reproducible at low psi. (Error bars – 1
standard deviation.)

FIG. 3. Volume injected (nL) based on tip di-
ameter. The average single bolus volume de-
livered at a range of supply pressures (3–20 psi)
for tips ranging in size from 2.7 to 3.5 microns is
shown.
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Tracer density

Tracer density (qp) must be close to the density of the sur-
rounding fluid (qf) so that paths of the ‘neutrally buoyant’
tracers accurately represent the complex motions of the bio-
fluid they are suspended in. If qp > qf, the particles will rapidly
settle out of the flow, whereas if qp < qf the particles will
‘‘float’’, neither of which is desirable. Both situations result in
additional drag and a resulting underestimation of local blood
velocity. Most biofluids, including blood, have densities
ranging from 1050–1064 kg m - 3.40 For optimal density
matching, we chose to use biologically inert polystyrene
FluoSpheres with a density of 1050 kg m - 3. These tracer
particles generally matched the velocity of nearby red blood
cells in large vessels (e.g., the doral aorta) where RBCs flowed
freely with only minimal physical interactions with adjacent
cells or vessel walls, suggesting they functionally approxi-

mated neutral buoyancy. Further, circulating tracers follow-
ing complex flow patterns could be clearly discerned as they
circulated throughout the vasculature.

Both fluorescent and nonfluorescent tracer particles were
used in flow-mapping experiments. We successfully utilized
0.4 lm black latex beads at 1,250 fps for near-micron resolu-
tion flow mapping of the 3 dpf dorsal aorta in brightfield
(Fig. 5), but image contrast was insufficient for automated
tracer identification. Fluorescent microspheres provided
much superior signal-to-noise and were used for all remain-
ing experiments.

Seeding density

Seeding density requirements for various in vitro flow
mapping algorithms have been previously established and
are calculated from the imaged area, luminal diameter, par-
ticle size, and flow rate. While a detailed analysis of seeding
density requirements for each fluid bed and imaging target is
beyond the scope of this article, it is nonetheless useful to
consider the following example:

2 dpf zebrafish total blood volume: 60 nl (estimated)**
Injection: *160,000 microspheres (10 boluses, 3.1 lm tip,

3 psi)
Imaging: 63X/1.2 N.A. objective, 512 · 512 CCD pixel area

(67 lm · 67 lm)
Area taken up by DA: 6.24 lm · 67 lm · 0.5 lm =
Volume in center plane (0.5 lm thick): 2.2 pl
Percentage of total blood volume in imaged area: 0.04%
Approximate number of microspheres imaged: 557
Number of DPIV interrogation windows per vessel: 32
Number of particles per DPIV interrogation window: 17

**This estimation is based on the observed number of
particles per image field obtained using the specified injection
parameters. This estimation is within the limits established in
a study by Kopp et al.41 in which 50 lL of blood was removed
from 2 day old fish and resulted in a 66% decrease in red blood
cell concentration (suggesting a maximum blood volume of
89 lL).

As shown above, injection of 160,000 microspheres in a
total volume of 5 nL (an increase of approximately 8% in
blood volume) is sufficient for DPIV analysis using a 63 ·
objective. If lower magnifications are used, then the pixels in
each image correspond to larger physical spaces, and it fol-
lows that a lower seeding density (in tracers per microliter of
blood) is required to meet the recommended image density
for successful DPIV.

The PTV approach relies solely on the ability of the user to
identify and track the paths of a statistically significant
number of tracer particles. Sections of simple linear, non-
branching vessels require fewer tracers than branching, pul-
satile or highly turbulent flows. Generally, a seeding density
of 1 tracer for every 100 pixels (or 200 tracers in the example
above) should be considered the lower limit for PTV.

Tracer deposition and clearance

Tracer particles tend to adhere to one another and to en-
dothelial borders, irrespective of their surface properties. The
rate of tracer deposition on the vessel walls correlated in-
versely with particle size, with the small 0.02 lm tracers

Table 1. Estimation of Tracer Particle Count Based

on Injection Pressure for a 3.1 lm Tip Diameter

psi Volume (nL)
Beads per bolus

(x1000)

3 0.2 – 0.1 8.5
5 0.5 – 0.2 16
7.5 0.9 – 0.3 27

10 1.2 – 0.5 38
12.5 1.5 – 0.7 47
15 1.8 – 0.8 56
20 2.5 – 1.1 75

FIG. 4. Injection setup and targeting. Zebrafish are moun-
ted in a drop of 0.6%–1.2% low-melting temperature agarose
(a) containing anesthetic and covered with fish water (also
containing anesthesia). Blood flow mapping in 24 hpf em-
bryos is best performed by injecting into the confluence over
the yolk sac (b, arrow), 48 hpf into the common cardinal vein
(CCV) or tail vein (c, arrows), or into the CCV accessed by
working the injection needle behind the cleithrum (d). The
pronephric ducts are best seeded on the anterior end near the
pectoral fins (e). Finally, seeding the lymphatics is best per-
formed by injecting directly into the thoracic duct located
between the dorsal aorta and the posterior cardinal vein
(f, top and bottom lines, respectively).
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remaining in suspension the longest (over 24 h), and the large
1.0 lm remaining in circulation for less than 1 h. The rate of
tracer deposition can be minimized by using tracer particles
with a high surface concentration of carboxylic acid residues
(similar to the large 10 and 15 lm tracers Invitrogen markets
for measuring regional blood flow). The resulting weak neg-

ative surface charge makes the microspheres somewhat hy-
drophilic, a property which helps to prevent nonspecific
binding to vessel walls and red blood cells in order to maxi-
mize the number of tracers retained in circulation.

All particle sizes tended to deposit primarily in the cardinal
vein. Minor depositions in the heart and fine vasculature were

Table 2. Tracer Selection Guide

Particle type
Tracer

diameter Advantages Disadvantages
Potential in vivo

applications

FluoSpheres 0.02lm Ease of injection,
remain in circulation
for many hours

Too small to be
individually
resolved

Microangiography

0.1lm Ease of injection,
remain in circulation
for longer than 1 h

Not enough contrast
to be resolved at high
frame rates

PIV of slow velocity
flows

0.2lm Ease of injection,
remain in circulation
longer than 1 h,
easy to visualize

Not enough contrast
to be resolved at high
frame rates

PIV of slow and
medium velocity
flows

Black CML latex 0.4 lm Cheaper than fluorescent
microspheres

Poor contrast with
surrounding tissues

PIV of slow velocity
flows

FluoSpheres 0.5 lm High contrast with
surrounding tissues,
easy to visualize

Difficult to inject
consistently, quickly
lodge in vessel walls

PTV, PIV of slow
and medium
velocity flows

1.0 lm Very high contrast with
surrounding tissues,
easy to visualize even
in fast flows

Difficult to inject
consistently, quickly
lodge in vessel walls,
difficult to achieve
required seeding
densities

PTV, PIV of high
velocity and/or
turbulent flows

Native erythrocytes *5–7 lm Already present in the
cardiovascular
circulation, easy
to visualize

Not present in all
intravital fluids,
do not capture
microscale feature
of the fluid flow

PTV

FIG. 5. DPIV-based blood flow mapping in the cardinal vein of a 77 hpf PTU-treated zebrafish using 0.3 lm black polystyrene,
neutrally-buoyant microspheres. The vector map shown was generated in PixelFlow using a pair of images extracted from a
1250 fps video and this map was used as an overlay for the corresponding brightfield image to highlight vessel borders.
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readily apparent in approximately 10% of injected fish. While
it was impossible to quantify the number of clumped particles
trapped in the vessel and heart walls microscopically, a
qualitative comparison of particle distribution and overall
fluorescence intensity over the first month showed no signif-
icant clearance of particles during that time. No particles were
detected in zebrafish pronephric ducts, indicating that the
tracers were not being cleared by glomerular filtration. Like-
wise, no tracers were detected in the digestive tracts of in-
jected fish. No circulating cells internalized tracer particles,
but a few cells lining the vessel walls did appear to accumu-
late a large amount of these particles (Fig. 6). A small number
of fluorescent tracers were observed up to 1 month post
injection.

Post-injection survivorship

High-seeding density microsphere injections (*350,000–
400,000 beads per fish) did not affect zebrafish survivorship
and caused no obvious morphological changes in the animals.
Zebrafish survivorship was similar to uninjected controls over
the 30 week period of observation (Fig. 7, n = 8–10 per group).
An initial drop in numbers occurred between 2–3 weeks of
age when final swim bladder inflation occurs, irrespective of
treatment. (This small drop in survivorship is typical in zebra-
fish husbandry because larvae are weaned onto a shrimp diet
and because the swim bladder fails to inflate fully in a number
of fish during this period. As a result, a number of juvenile
animals rest on the tank bottom and die shortly after, unable
to effectively scavenge for food. No abnormal swimming or
feeding behaviors were noted in any of the control or injected
fishes.)

Discussion

Basis of the methodology

Adaptation of macroscopic flow mapping technologies
(such as 3-CCD DPIV) to the microscale has been accom-
plished in both brightfield42 and fluorescent approaches.43

The brightfield approach is inherently limited because the
small particle sizes required for biofluid flow mapping in the
zebrafish (e.g., submicron diameter particles) are inherently
poorly contrasting. Further, the transparency of the embry-
onic and juvenile zebrafish which otherwise provides for ex-
cellent optical access to target tissues also makes it somewhat
more difficult to distinguish fluid beds from neighboring

structures. We successfully utilized black latex beads for near-
micron resolution flow mapping of the 3 dpf dorsal aorta in
brightfield (see Fig. 5), but the signal-to-noise level in this
approach was low enough that manual PTV was required.

Biolfuid flow mapping utilizing fluorescent microspheres
imaged by standard confocal microscopy provides signal-to-
noise levels sufficient for high-resolution and high-speed
biofluid mapping. Fluorescent dyes are often encapsulated
within the core of the microspheres (as opposed to being
conjugated to the surface) in order to achieve high signal in-
tensities with minimal photo-bleaching. Confocal fluorescent
imaging provides greater signal-to-noise levels for even very
small particles and is the method of choice for the vast ma-
jority of biological specimens. Despite the high fluorescent
intensity of these microspheres, high camera frame rates and
short exposures naturally lead to an overall diminished signal
intensity and an associated decrease in signal-to-noise ratios.
For high velocity or turbulent flows, such as those found in the
beating heart, high frame rates are necessary in order to ac-
curately correlate the motion of individual particles between
frames. Increasing frame rates limit allowable exposure times,
thus dimming the images and decreasing the contrast be-
tween the fluorescent tracers and the surrounding environ-
ment making it necessary to use high quantum-efficiency

FIG. 6. Microsphere deposition and clearance. Circulating 0.4 lm tracers 24 hours post injection (a) and those deposited in
the cardinal vein at 2 days (b) and 3 days (c) post-injection. By 3 days post-injection, tracer uptake was observed in
noncirculating cells in the lumen of the cardinal vein (d, insert at higher magnification).

FIG. 7. Post-injection survivorship of embryos injected
with a high seeding density of a range of microspheres sizes
at 4 dpf. The initial number of injected embryos was set to
100% and all subsequent values are shown relative to that
initial number.

DELIVERY OF FLOW TRACER PARTICLES 115



single-line or back-thinned detectors. High speed florescent
imaging at > 750 fps using a raster-scanning single line CCD
(e.g., Zeiss 5Live confocal) provides the imaging speed and
spatial resolution to map highly dynamic flows using 2-color
DPIV. Mapping of faster flows (e.g., adult heart flow) or
highly turbulent flows (e.g., zebrafish pronephric flow sur-
rounding motile renal cilia) are likely still beyond the tem-
poral imaging capabilities of cutting-edge fluorescent
confocal systems, so crude bulk-flow (e.g., dye-front) mea-
surements will have to suffice in the short term.

Microsphere selection

Intravital flow mapping requires seeding the fluid bed of
interest with high contrast tracer particles which accurately
reflect fluid velocity (i.e., have ‘neutral buoyancy’), do not
clump, and remain suspended in the biofluid being imaged
long enough to complete the desired experiment. While this
generally dictates the use of a fluorescent confocal approach,
we successfully mapped cardiovascular blood flow in the
larval zebrafish cardinal vein using black-dyed polystyrene
particles and associated high-speed brightfield imaging. With
sufficient lighting, we utilized this approach at frame rates up
to 1250 fps, sufficient for blood flow mapping in a 77 hpf
zebrafish with pharmacologically blocked pigmentation (eli-
cited with phenyl-thiourea) (Fig. 5). While this approach of-
fers superior temporal resolution, it requires a modified light
path and sophisticated post-processing software in order to
make it a volumetric (3D) flow-mapping tool.42 (Automated
DPIV requires uniformity of background and high signal-to-
noise levels not often afforded by brightfield approaches. A
color-coded approach has been developed to circumvent this
issue,42 but high-speed color cameras are cost-prohibitive and
not widely available in a biology lab setting.)

A more readily accessible approach is to use dye-
embedded fluorescent microspheres which provide superior
contrast and are amenable to tomographic (i.e., optical sec-
tioning) microscopy, making them particularly useful in the
zebrafish model. The high fluorescent output of these tracer
particles makes them ideal for use in older embryos and lar-
vae when tissue opacity and sample thickness begin obscure
the target fluid bed. The FluoSpheres used in this study and
for previous DPIV-based studies in the zebrafish31 are in-
tensely fluorescent and show no appreciable signal loss due to
photobleaching. Fluorescent confocal videos taken using a
488 nm solid-state laser (100 mW, 4% power), a 100 · /1.2
numerical aperture microscope objective, and a Zeiss 5 Live
high-speed confocal scanner possessed sufficient signal-to-
noise for automated particle tracking at 500 fps with no
detectable photobleaching or damage to the imaged or sur-
rounding tissue (data not shown). When performed in lowly-
pigmented zebrafish mutant lines (e.g., Blingless44,45 and
Casper46), biofluid flow mapping may be performed well into
the first several weeks of larval development.

Tracer particles with shorter emission wavelengths gener-
ally have higher quantum efficiencies but lower penetrance
than those with longer emission wavelengths, thus requiring
the researcher to match the chosen application to tracers with
appropriate spectral characteristics. Green and blue emitting
tracers accommodate the high frame rates required for map-
ping blood flow in the heart or vasculature or the highly
turbulent renal flow around motile pronephric cilia. Red

emitting tracers, by contrast, are better suited for deep or
opaque tissue mapping, particularly in older fish, and are
useful in later lymphatic vessel flow mapping. If it is possible to
choose GFP or mCherry fluorescent reporter lines [e.g.,
TG(Fli:GFP) and TG(Flk1:mCherry)] with different emission
profiles than the flow tracers being used, it becomes possible to
image the vessel wall positions and flow profiles concurrently,
thus providing a methodology for robust biofluid mapping.
The green line (488 nm) is most frequently reserved for GFP-
tagged structural imaging such as the vascular endothelial
fluorescence in the fli:GFP zebrafish embryo. For that reason,
we chose the near-red 0.4 micron microspheres for the bulk of
our flow mapping studies. These tracers provide sufficient in-
tensity for dual-channel imaging (i.e., GFP and red micro-
sphere) at over 100 frames per second and much higher if a
single-channel reduced-frame size approach is used, sufficient
for virtually all biofluid flow mapping experiments.

In addition to the emission profiles of fluorescent and
nonfluorescent tracers, the surface properties of the fluores-
cent microspheres can affect clumping and deposition on
vessel walls. Carboxylated spheres are routinely used for
blood flow mapping because they carry a slight negative
charge that helps minimize both aggregation and deposition.
These microspheres appear to work equally well for zebrafish
blood, renal and lymphatic flows, with carboxylated tracers
remaining suspended in the flow long enough for biofluid
flow mapping.

Our study determined that particle size was the biggest
factor in determining how long beads remained in circulation
for effective flow mapping. As a general rule, larger luminal
diameters accommodate larger tracer particles and faster flow
rates tend to keep large tracers suspended longer. Tracer size
should therefore be chosen based on target lumen size and
flow rate for each application. This study has provided a
rough guide for making this selection (Table 2). For instance,
mapping of slow intraocular fluid flow (large measurement
volume) would utilize larger (e.g., 2 lm) beads than fast,
pulsatile peripheral vasculature flow (e.g., 0.2 lm beads).

Preparation of micropipettes and zebrafish for injection

The optimal injection pipet taper is somewhat dependent
on the physical properties of the tracer particles and the depth
of the injection target, but a sort taper (e.g., 30–45 degrees) is
generally preferred. Needle-like pipets plug readily even
when the tracer size is a fraction of the tip ID. Conversely,
broader tips cause more peripheral tissue damage. Empirical
testing is required to determine the proper balance between
plugging and tissue damage for any given application. We
routinely use borosilicate glass pipets. Other types of glass
may work for individual fluid beds, but borosilicate glass
provides the balance between strength and flexibility needed
to penetrate the body wall and prevent breakage. The added
strength of quartz glass or the added flexibility of alumina
silicate glass make performing injections more difficult and
the added expense for these alternatives is not merited. Bev-
eled tips are generally not required, but may be of some utility
in deep tissue injections using older fish. All tip sizes and
contours clog to some degree, even when the microsphere
diameter is several-fold less than the interior tip diameter.
Backfilling the injection needle using a gel-loading tip rather
than vacuum filling helps to minimize this clogging.
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Mounting zebrafish in agarose makes it possible to adjust
their orientation for the best optical access to the desired
biofluid bed. Depending on the imaging target, injection and
mounting may require different orientations. We routinely
agarose-mounted and imaged fish on an inverted microscope
such that pipet placement and injection occurred from above
while the placement and injection was visualized from below
the fish (through the body wall). This approach allowed
immediate imaging without the need for remounting or further
manipulation. Injections may also be performed using an
upright microscope with long working-distance objectives
that provide the working distance needed to accommodate
the injection hardware. Alternatively, fish may be injected on
a standard dissecting microscope and transferred to the
fluorescent confocal for imaging, but that may require addi-
tional equipment and the transfer cuts into the sometimes
narrow imaging window when tracers are circulating.

Imaging of heart blood flow, in particular, requires
mounting the fish with the ventral side touching the bottom of
the coverslip on our inverted system. There are no exposed
targets for microinjection when fish are mounted in this
manner, so we frequently injected fish on their side and then
remounted for subsequent imaging. We have also experi-
mented with standard embryo injection trays (as described in
the Zebrafish Book47) as a means of avoiding remounting.
These trays provide a solid backstop that improves tip pen-
etration through the body wall, but heavy anesthetic is re-
quired for this approach because even moderately
anesthetized fish twitch during body wall puncture.

Injection

The injection location should be chosen such that it is
physically removed from the imaging target and any localized
tissue damage from the injection itself will have minimal ef-
fect on the imaging target. Further, since deep tissue injections
tend to plug more and cause more localized tissue damage, a
peripherally located injection target should be chosen wher-
ever possible. Blood flow mapping is most easily accom-
plished by injection into the confluence over the yolk sac at
1 dpf, into the heart at 2–3 dpf, and into the cardinal tail vein
thereafter. The geography of the fluid bed may, however,
dictate suboptimal injection locations or regimes. The dis-
continuous nature of the developing thoracic duct makes
early lymphatic flow mapping difficult. Similarly, the linear
nature of renal outflow requires seeding of the fluid bed near
its origin at the glomerulus. The single zebrafish glomerulus is
difficult to inject directly due to its location deep within the
zebrafish trunk. For that reason, renal flow mapping is ef-
fectively limited to injections into the anterior pronephric duct
or cloaca.

Calibrated volume delivery of bead suspensions using a
3 lm tip ID was highly reproducible over the range of vol-
umes typically required for small animal flow mapping (0.6–
4 nL per bolus). Based on stroke volume measurements, we
estimate that the total volume of blood in a 2 dpf zebrafish is
between 50 and 90 nL, so a 5 nL injection would constitute an
instantaneous 8% increase in blood volume. Our typical in-
jection setup (3 lm I.D. tips, 5 psi injection pressure) delivered
5 nL of volume with no obvious physiological side-effects.
Obtaining the desired tracer seeding density in the biofluid
being imaged, therefore, is achieved by either maximizing the

concentration of tracers in the injection needle or injecting
multiple spaced boluses. Since it is desirable to keep the tracer
density in the needle low to prevent clumping and to keep
injected volumes low to minimize the effect(s) on zebrafish
physiology, the optimal balance between these parameters
must be determined empirically for any given application.
Finally, we found no evidence that seeding blood flow at high
levels had any observable effect on zebrafish physiology or
long-term survivorship despite the fact that microspheres
remained lodged in the walls of the cardinal vein for a month
or more with no obvious clearance (e.g., glomerular filtration
or gill passage).

Summarized methodology

Injection of 0.4 lm fluorescent microspheres into the
bloodstream of an agarose-mounted 48 hpf embryo is most
easily performed using a short-tapered 3 lm borosilicate in-
jection pipet backfilled with a 0.2% suspension of micro-
spheres targeted to the convergent flow over the yolk sac and
delivered in 50 ms pulses to achieve a total injection volume of
approximately 5 nL. Adapting this setup to other ages or fluid
beds requires careful consideration of biofluid flow rates, lu-
minal diameter(s), and tissue environment of the injection
target.

Conclusion

The data presented herein are intended to serve as a guide
for a broad range of researchers in bioengineering, fluid me-
chanics, and physiology laboratories. The findings reported
here have direct applications to PTV, l-Doppler, DPIV, and
4D-DPIV, which rely on tracer particles to visualize and
quantify fluid flow in the developing zebrafish.
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